
24

Chemistry in New Zealand   January 2010

Recent Advances in Labelling of DNA with Organic 
Chromophores
Vyacheslav V. Filichev

Institute of Fundamental Sciences – Chemistry, Massey University, Private Bag 11222, Palmerston North 
(e-mail: v.fi lichev@massey.ac.nz)

Introduction
Remarkable changes in the viscosity and sedimentation 
of complexes of DNA with acridine derivatives suggested 
to Lerman that intercalation was responsible.1 Later, in-
tercalative interactions were investigated by using vari-
ous spectrophotometric methods including X-ray diffrac-
tion. Intercalators are typically described as a class of 
molecules that reversibly bind in the space between two 
adjacent base pairs of DNA. Traditionally, intercalators 
are considered as free ligands. If a large aromatic chromo-
phore intercalates into DNA, then unwinding of the DNA 
double helix occurs, increasing both the fl exibility of the 
DNA and the distance between nucleic acid bases.

Covalent attachment of intercalators to nucleic acids is a 
useful tool in chemical biology and attachment of fl uoro-
phores to either end of a DNA strand is a well-established 
procedure. Attachment of fl uorescent tags via a tether to 
DNA bases at non-hydrogen bonding sites, e.g. the 5-car-
bon of C, T or U and the 7-position of 7-deazapurines, 
allows labelling of many sites in a DNA helix. These 
techniques found their application in genetic analysis, like 
DNA sequencing,2 real-time PCR (the polymerase chain 
reaction),3 visualization of chromosomes or DNA/RNA in 
FISH (fl uorescence in situ hybridization).4 Typical link-
ers for fl uorophore attachment consist of up to a dozen 
bonds, providing fl exibility but also creating an uncer-
tainty in the location and orientation of the chromophore. 
In contrast, novel methodologies for development of new 
types of nucleic acids architectures rely on the predictable 
positioning of labels in the structure.5 In that regard, nu-
cleic acids as a helical self-assembled structure provide a 
clear scaffold, which can be used to develop functional π 
systems where the correct orientation of each component 
is vital for the optical properties of the entire system. In 
the last decade, in particular after sequencing the human 
genome, the number and variety of intercalating moieties 
that could be inserted covalently into DNA has increased 
dramatically, mostly driven by a demand for developing 
probes that could detect specifi c nucleic acid sequences. 
This article presents recent advances in nucleic acid ar-
chitectures using an example of a logical development of 
pyrene insertions. Pyrene is one of the most extensively 
studied chromophores in DNA/RNA structures. Initially, 
pyrene and other organic chromophores were largely used 
as molecular caps. Later they found use opposite abasic 
sites, as a counter base, as artifi cial hydrophobic pairs and, 
very recently, as helically arranged π-π stacking arrays. 
Organic chromophores can be introduced into nucleic 
acid structures via modifi cation of nucleotides, i.e. attach-
ments to the base, sugar or phosphate, or via entirely non-
nucleosidic linkers. By such means a chromophore can be 
placed in the interior of nucleic bases or in the grooves of 
the nucleic acid complexes.

DNA Structures: Duplex, Triplex and G-
Quadruplex
Hydrogen bonding and π-π stacking between nucleic 
bases, electrostatic repulsion between negatively charged 
phosphates and hydration are responsible for the stability 
of nucleic acids. Depending on its sequence and media, 
a nucleic acid can accommodate numerous secondary 
structures, such as the classical B-type helix, the A-form 
or left-handed Z (zigzag) form. Alternative (non-Watson-
Crick) Hoogsteen and reverse Hoogsteen base-pairing 
can give rise to high-order DNA and RNA structures that 
include triplexes and quadruplexes (Fig. 1).

Fig. 1. Structures and secondary structures of DNA/RNA. Par-
allel and antiparallel triple helices, a): H-bonding formation, 
Watson-Crick base-pairing are represented by dashed bonds and 
Hoogsteen or reversed-Hoogsteen are represented by hashed 
bonds; b): representation of the strand orientation in triplex. G-
quadruplexes; c): H-bond formation in G-tetrad; d): intra- and 
intermolecular G-quadruplexes.

Triple helices are formed when a single-stranded triplex-
forming oligonucleotide (TFO) binds in the major groove 
of double-stranded DNA (dsDNA).6 A homopyrimidine 
TFO can bind in a parallel fashion to the homopurine 
strand of dsDNA (Fig. 1). A nucleobase T binds to a nu-
cleobase A of the duplex, but cytosine in the TFO must 
be protonated at the N-3 atom to form Hoogsteen base-
pairing with dsDNA. This makes formation of parallel 
triplexes at neutral pH problematic. A homopurine third 
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strand can also bind to a homopurine-homopyrimidine 
duplex using reversed Hoogsteen patterns. In this triplex, 
a nucleobase A binds to a T-A base pair and a G to a C-
G pair. Here, the homopurine TFO is antiparallel to the 
homopurine strand of the original dsDNA. GT-rich TFOs 
can also form parallel and antiparallel triplexes depending 
on the sequence.7 G-Rich sequences can fold into stable 
G-quadruplexes, especially in the presence of K+ (Fig. 1c, 
1d).8 The topology and molecularity of G-quadruplexes 
are determined by several factors including variations in 
strand polarity, loop geometry, the presence of metal ions, 
etc.9 The extraordinary stability of G-quadruplexes has 
some unfortunate outcomes for G-rich sequences: TFO 
probes designed to form triplexes but possessing stretches 
of guanines do not bind to duplexes at all because of the 
probes’ self-aggregation.10

Introduction of additional moieties to DNA has an impact 
on the thermodynamic stability of DNA complexes. When 
UV/VIS, fl uorescence or CD spectrometers are fi tted with 
a Peltier temperature programmer, melting of DNA com-
plexes or thermal stability studies can be undertaken. The 
melting temperature (Tm, °C) is usually defi ned as the 
maximum of the fi rst derivative of the curves obtained by 
measuring absorbance at 260 nm or CD against increasing 
temperature. Control experiments should be performed at 
other wavelengths also, depending on the DNA structure 
and the absorbance/fl uorescence region of the intercala-
tor. Luminescence is a widely explored feature of inter-
calators. The fl uorescent sensitivity of some fl uorophores 
depends highly on changes in the microenvironment. 
For example, the fl uorescence of pyrene is quenched in 
low-polarity environments and increased in high-polar-
ity environments. By inserting such intercalating units as 
reporter groups, one can gain a deeper understanding of 
fundamental features of nucleic acids, for example, fold-
ing and unfolding mechanisms, local dynamics within 
DNA helices, polymorphism in DNA, the type of forces 
involved in formation of different secondary structures, 
and so forth. 

Excitation (λex) and emission wavelengths (λem) are im-
portant descriptive values for each chromophore. Usu-
ally, organic chromophores exist in an excited state for a 
fi nite time (typically 1–10 ns). The difference in energy 
or wavelength, represented by (hνex – hνem), is called the 
Stokes shift and is fundamental to the sensitivity of fl uo-
rescence techniques because it allows emission photons 
to be detected against an unpolluted background, iso-
lated from excitation photons. The fl uorescence quantum 
yield (ΦF) is defi ned as the ratio of the number of photons 
emitted by fl uorescence at a certain wavelength to the 
number of photons absorbed at this wavelength. In cas-
es where there are multiple insertions of chromophores, 
particularly if two fl uorescent molecules are positioned 
and overlapped in close proximity to each other (ca. 3.4 
Å), formation of excimers or exciplexes can be observed. 
During excited dimer (excimer) formation, which can be mer (excimer) formation, which can be mer
obtained in saturated solutions of a free ligand, one mol-
ecule is in an electronically excited state and the other is 
in an electronic ground state. In contrast, an excited du-
plex (exciplex) is a bimolecular complex of two different 
chromophores.

Molecular Caps and DNA Interstrand 
Stacking Interactions
Pyrene’s size (220 Å2) allows it to occupy the area usu-
ally covered by two natural purine:pyrimidine base pairs 
(269 Å2).11 It is an ideal lid for canonical base pairs12 be-
cause its size cannot fully cover purine:purine base pairs, 
whereas pyrimidine:pyrimidine pairs are too small to ac-
commodate it. However, the choice of linker is crucial. 
This can be demonstrated by insertion of pyrene at the 5′- 
or 3′-terminus of oligonucleotides (Fig. 2). Introduction 
of such molecular caps can lead to an increased thermal 
stability of the resulting complexes with ssDNA/RNA 
that can exceed 10 °C per modifi cation.13 The thermo-
dynamic stabilization gained is a result of the stacking 
pyrene with the nearest nucleic bases.14 Additionally, the 
dangling-end residue acts as a hydrophobic cap and re-
stricts bulk water access to the terminal base pair. This 
makes these terminal base pairs energetically comparable 
to the corresponding internal base pairs.15 In the case of 
fl exible linkers, such as butyric acid, pyrene can adopt a 
number of different conformations, whereas in structures 
such as 2-deoxyribofuranose (P) or pyrrolidine (azaP) the 
pyrene moiety remains in a more rigidly defi ned position 
on the top or the bottom of the helix. The defi ned position 
leads to slightly higher thermal stability and hyperchrom-
icity, as it has been shown for azaP in comparison with 
1-pyrenylbutyric acid.12 These properties have already 
been used in the design of probes that combine enhanced 
affi nity and base pair fi delity. An unmodifi ed DNA probe 
can barely discriminate the perfectly matched and termi-
nal mismatched DNAs (ΔTm = –0.3 – +1.7 °C). However, 
when pyrene pyrrolidine azaP (n=0) as a 5′-end cap was 
combined with anthraquinone derivative (AQ) as a 3′-end 
cap,16 the prepared dodecamer DNA gave a melting point 
decrease for a double-terminal mismatch of ΔTm = +6.2 – 
7.4 °C. Similarly, a doubly capped matched DNA duplex 
showed increased thermal stability in comparison with an 
unmodifi ed one (ΔTm = +11.1 °C).12

Fig. 2. Molecular caps - chromophores covalently attached to 
the 3’- or 5’-end of the duplex.
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Insertion of an intercalating moiety in the core of the 
DNA duplex can be performed in three ways: opposite 
the natural base (Fig. 3), opposite an abasic site (Fig. 4), 
and as a bulge (Fig. 5). In contrast to free intercalating li-
gands, the covalently attached chromophores as base sub-
stituents do not have to unwind the DNA for intercalation. 
Hydrophobic base analogues do not form pairs with the 
natural bases and these combinations are usually strongly 
destabilized. This is an outcome of the absence of hydro-
gen bonding formation and imperfect steric fi t within the 
DNA duplex.17 Also, if the size of intercalator is too large 
the counter nucleobase may be fl ipped out of the helix.

Fig. 3. Chromophores in the middle of a DNA duplex opposite 
the natural base.

Fig. 4. Chromophores in the middle of a DNA duplex opposite 
an abasic site.

Fig. 5. Fluorescent probes designed using the principle of bulge 
insertions; a): a bulge insertion; b): chromophore insertions as 
next-nearest neighbours.

Generally, DNA duplexes can more easily accommodate 
non-native structures incorporated close to the ends than 
in the middle of the helix. Thus, incorporation of Plac in the 
midst of the sequence led to much more pronounced desta-
bilization (ΔTm = –6.3 °C) than for insertions close to the 
3′- or 5′-ends (ΔTm = –2.7 °C).18 1-(Phenylethynyl)pyrene 
(PEPy) has been placed in a DNA duplex using a 1,3-
butanediol linker instead of the nucleobase and a slight 
destabilization of the duplex was observed (ΔTm = –1.4 
°C).19 Spectroscopic properties of PEPy analogues are 
benefi cial compared with those of the initial pyrene. Now-
adays, standard genetic analysis platforms are primarily 
designed to detect fl uorescein at 520 nm,3 which unfortu-
nately eliminates many potentially useful labels based on 
the pyrene moiety (λex ~330–340 nm; λem ~400–410 nm). 
Moreover, biomolecules are also excited upon irradiation 
at the same wavelength as pyrene.20 For PEPy there is a 
bathochromic shift in the absorption spectra (373 nm vs
343 nm for pyrene) and fl uorescence maxima are shifted 
to longer wavelength (400–410 nm vs 380 nm for the fi rst 
peak in a monomer fl uorescence and 500–510 nm, com-
pared with 480 nm for excimer fl uorescence).19-21 This is 
also accompanied by high fl uorescence quantum yields in 
buffer solutions even in the presence of oxygen. A further 
shift in fl uorescence maxima to longer wavelengths was 
observed upon introduction of the second and the third 
1-phenylethynyl residues in the structure of pyrene (posi-
tions 1, 6 and 8).20,22 Insertion of two PEPy units opposite 
the variable nucleotide sites has been successfully used in 
the design of fl uorescence probes for detection of single 
polymorphisms in the gene fragment of 23S rRNA He-
licobacter pylori showing remarkable sensitivity for the 
presence of a T or of a non-T base opposite to the PEPy
pair.23

If the DNA base opposite is missing a so-called abasic site
(Fig. 4), some aromatic molecules can actually fi t within 
the DNA duplex and restore the π-π DNA duplex base 
stack. A good example of this is pyrene C-nucleoside P 
(Fig. 2).11 The 5′-triphosphate of P was incorporated into 
DNA using a Klenow fragment opposite an abasic site 
with a selectivity and effi ciency which were greater than 
those for the natural DNA triphosphates. The termination 
of the DNA biosynthesis was detected after P incorpo-
ration,24 which makes this fl uorescent pseudo-nucleoside 
useful for distinguishing abasic mutations. Insertion of P
opposite an abasic site was more energetically favourable 
than the use of natural bases. The stabilization of the du-
plex was detected in a ΔTm range of 18 – 23 °C in compar-
ison with native duplexes having an internal abasic site.11

Incorporation of organic chromophores as a bulge (Fig. 5) 
was used in the development of DNA probes for various 
applications. Chromophores actually intercalate between 
two adjacent base pairs in a way similar to free ligands. In 
general, acyclic linkers that can be more easily accommo-
dated in the helix are used for bulged constructions.

Discriminative binding to ssDNA over ssRNA having 
identical sequences was observed for intercalating nucle-
ic acids (INA) having a bulged pyrene moiety connected 
via a glycerol linkage in the middle of the DNA sequence 
(ΔTm INA/DNA = +3.0 °C, Δ/DNA = +3.0 °C, Δ/DNA Tm INA/RNA = –4.4 °C per modifi ca-/RNA = –4.4 °C per modifi ca-/RNA
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tion).25 Two factors contribute to the discrimination upon 
binding to DNA and RNA: distortion of the nucleic acid 
backbone by short ethyleneglycol linker and stabilization 
of the INA/DNA structure by intercalation. Interestingly, 
using pyrene connected via a fl exible linker to form a 
bulge was energetically more favorable than the use of a 
nucleobase (ΔTm = –12.8 °C) and the ethylene glycol link-
er on its own (ΔTm = –8.2 °C),25 the latter being a clear in-
dication of intercalation. When two INA monomers were 
placed as next-nearest neighbours (Fig. 5b) a strong ex-
cimer fl uorescence at 480 nm (λex =340 nm) was observed 
for the probe alone.26 The excimer band was completely 
quenched upon formation of a fully complementary INA/
DNA duplex. If there was a mismatch between INA resi-
dues, there was no or little quenching of the excimer band. 
A deletion polymorphism was effectively detected using 
two PAP monomers as next-nearest neighbours. No ex-
cimer fl uorescence was detected for the perfectly matched 
duplex, whereas a deletion of a single-base opposite PAP
monomers resulted in the formation of the pyrene excimer 
band.27 A Py2Lys backbone with two 1-pyrenyl residues 
was designed to report insertion mutations.28 The fl uores-
cence intensities for the probe alone and for the perfectly 
matched duplexes with Py2Lys as a bulge were very weak 
(ΦF = 0.001-0.007). If an extra base was presented in the 
target opposite the Py2Lys insertion, a strong fl uorescence 
peak at 495 nm appeared (ΦF = 0.088).

Pyrene was used as a quencher of fl uorescein in the 
MagiProbe design.29 When hybridized to the perfectly 
matched sequence pyrene intercalates into the duplex, this 
results in the emission of fl uorescence from fl uorescein. 
No fl uorescence signal was detected for the probe on its 
own or upon binding to the mismatched sequence close to 
the pyrene residue.

Bulged intercalators have also been introduced in DNA 
triplex technology (Fig. 6). We have recently developed 
an example of a triplex selective intercalator.21 Bulge in-
sertions of (Rsertions of (Rsertions of ( )-1-O-[4-(1-pyrenylethynyl)phenylmethyl]-
glycerol (twisted twisted t intercalating nucleic acids, TINA, Fig. 
6) into the middle of a homopyrimidine strand led to high 
triplex thermal stability (∆Tm = +19.0 °C per modifi ca-
tion) and discrimination of Hoogsteen-type triplexes over 
Watson-Crick type duplexes. Under similar conditions the 
native TFO was unable to bind to the duplex. The 1-pyre-
nyl derivative of TINA was found to be the most effective 
among the tested modifi cations (acridine, naphthalene, m-
phenylethynyl, 4-biphenyl, 2- or 4-pyrene) for binding to 
the Hoogsteen-type triplexes.21,30 It is interesting to com-
pare the ability of the rather similar structures INA (Fig. 
5) and TINA (Fig. 6) to stabilize parallel triplexes. In con-
trast to TINA, pyrenemethylglycerol (INA) destabilized 
triplexes upon bulged insertions into identical sequences 
(∆Tm = –5.0 °C).31 These data highlight the importance of 
the proper intercalator, e.g. pyrene positioning in the in-
terior of the dsDNA region of the triple helix. It is impor-
tant to mention planarity of the intercalating unit is not an 
absolute requirement because bases are propeller-twisted 
to a varying degree within the triplets. Rigid linkers, such 
as single, double or triple C-C bonds, can connect two or 
three chromophores thus helping the entire intercalator to 
fi t correctly within the base triplets.

Fig. 6. TINA molecule and its use in the design of triplex-form-
ing oligonucleotides and G-quadruplexes.

We recently investigated the ability of TINA to stabilize 
and destabilize G-quadruplexes. It is known that quadru-
plex DNA can be stabilized by free ligands such as cat-
ionic porphyrins,32 trisubstituted acridines,33 and others.34

We assumed that the placement of pyrene units on the top 
or the bottom of the G-quadruplex structures would sta-
bilize them via stacking interactions. On the other hand, 
insertions between adjacent guanines should, in principle, 
destabilize self-association of the G-rich sequences (Fig. 
6). The latter can be useful for antiparallel TFOs. We 
covalently attached one or two TINAs in positions adja-
cent to the stretches of guanines in the quadruplex motif, 
mimicking the structure which is located in the promoter 
region of the human KRAS gene. A dramatic increase in KRAS gene. A dramatic increase in KRAS
the Tm (∆Tm = +22 – 32 °C) and a strong antiproliferative 
effect in Panc-1 cells were observed.35 In contrast, when 
TINA monomers were inserted in the middle of G-runs 
signifi cant destabilization of G-quadruplex-like structures 
was observed. The fi nal TINA-TFOs were able to bind 
to the DNA duplex in an antiparallel fashion even in the 
presence of potassium ions.36

Summarizing the effect of using aromatic substituents in 
the middle and at either end of the DNA sequence, we 
can conclude that organic chromophores can restore or 
enhance DNA stacking interactions by virtue of intercala-
tion. In that regard not only the size of the hydrophobic 
molecule but also the proper coverage of the nucleic base 
surface and a linker are crucial in the molecules’ design. It 
can be anticipated that future developments will be more 
focused on non-canonical base pairs and different DNA/
RNA secondary structures such as cruciforms, hairpins 
and three- or four-way junctions.

From Single Chromophore Incorporation to 
the Extended Stacking Interactions within 
DNA Duplexes
Stacking interactions of organic chromophores in the mid-
dle of nucleic acid helices represent a promising approach 
for the design of DNA-based tools for nanobiotechnolo-
gy. As could be expected, interstrand stacking interactions 
give rise to interesting and useful UV and fl uorescence 
properties. Impressive changes in optical properties of or-
ganic chromophores were observed during formation of 
oligomers encompassing fl uorescent C-nucleosides, the 
so-called fl uorosides (Fig. 7).37 Enhanced molar extinc-
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tion coeffi cients and enhanced Stokes shifts up to 145 nm 
were observed for the oligomer with three pyrenyl deriva-
tives (3P, Fig. 7). Using a set of four fl uorosides, a combi-
natorial library was created with a broad array of emission 
colours from violet to orange. This diversity was achieved 
with a narrow range of UV excitation (340-380 nm). In a 
larger combinatorial library composed of eleven fl uoro-
sides in oligomers four units long (4Ch, Fig. 7), certain 
constructs exhibited large hypsochromic shifts in their 
emission spectra after exposure to UV light.38

Fig. 7. Examples of polyfl uorophores.

Insertion of pyrenyl fragments [INA (Fig. 5), P1,8, Ptri-
azole1,8 (Fig. 8)] opposite each other led to thermal desta-
bilization in the range of ∆Tm from –0.2 to –3.0 °C per pair 
of intercalators when compared to wild-type DNA.39,40

Overlapping of pyrene residues in the interior of a DNA 
duplex, which has been shown by NMR for INA,39 led 
to formation of a strong excimer band. Depending on the 
structure the λem values for excimer varied from 480 nm 
for INA41 to 493 nm for P1,8,

40 and to 520 nm for Ptriazole1,8
42

and Ptriple1,8
43 [λex =340-350 nm (INA, P1,8, Ptriazole1,8) and 

385 nm for Ptriple1,8]. In recent articles homopairs of 1,8-
pyrene (P1,8) were placed one, two, three and even seven 
times in the DNA helix.44,45 A blue shift in the excimer 
band from 515 nm to 504 nm was observed with increas-
ing numbers of pyrene pairs, which was also accompa-
nied by a decrease in thermal stability from 70.5 °C for 
wild-type duplex to 56.5°C for seven pairs of P1,8.

45

Fig. 8. Representation of a DNA duplex with hydrophobic aro-
matic moieties positioned opposite each other to form a pair.

Extensive research has been performed on the derivatiza-
tion of nucleosides at the O2′-position. Depending on the 
linker length and its fl exibility, it may be anticipated that 
a large chromophore spends a fraction of its time in the 
major/minor grooves and also partially moves between 
nucleobases (Fig. 9).

Fig. 9. a): Representation of equilibrium between the states 
when aromatic moiety positioned in DNA grooves (left) and 
when it intercalates (right); b): chromophores linked to the 2′-
position of nucleotides.

It is believed that intercalators have a preference in bind-
ing to DNA rather than to RNA.46 A substantial increase 
in the fl uorescence signal was observed when probes pos-
sessing pyren-1-ylmethyl (UPy, Fig. 9) were bound to the 
complementary ssRNA, while marginal changes were ob-
served for the complementary ssDNA.47,48 Duplexes with 
complementary RNA were strongly destabilized relative 
to unmodifi ed DNA/RNA duplexes. Such discrimina-
tion in fl uorescence and thermal stability upon binding to 
complementary ssDNA and ssRNA is a result of different 
positioning of the chromophore in the interior of ssONs 
and duplexes. Pyrene fl uorescence is quenched in ssONs 
and dsDNA because of interactions with neighbouring 
nucleobases, including intercalation.49 However, pyrene 
attached to a duplex with RNAs is located outside of the 
duplex primarily in the minor groove, resulting in en-
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hanced fl uorescence. Sequential incorporation of 2-4 UPy
groups in the middle of RNA strands resulted in forma-
tion of an excimer band at 480 nm for the unhybridized 
probe (λex = 350 nm).50 A two- to ten-fold increase in the 
excimer fl uorescence was observed upon formation of the 
RNA duplexes. The pyrene absorption band in the double-
stranded form appeared at shorter wavelengths than that 
of the corresponding mono-pyrene labelled RNA duplex. 
A similar behaviour in fl uorescence was observed for a 
pyrene zipper array along the RNA duplex by hybridiza-
tion of two strands in which fi ve UPy groups formed a pair 
with fi ve APy groups (Fig. 9).51 CD spectra showed a con-
siderable difference (a positive Cotton effect) for zipper 
arrays in the region of the pyrene absorption in compari-
son with the interrupted pyrene stack. These spectroscopic 
behaviours suggest that the pyrenes in the duplex form are 
located in the minor groove and are associated with each 
other as an H-aggregate that induces a hypsochromic shift 
of the absorption band. Disruption of the pyrene stack in 
the minor groove resulted in disappearance of the excimer 
band for duplexes.50

A different situation was observed for pyrene-modifi ed 
N2′-uridines (aUPy and aUbPy). Upon insertion of these 
analogues into DNA sequences a signifi cant increase in 
Tm for the corresponding DNA duplexes, +15 and +3 °C, 
respectively, was observed, whereas duplexes with RNA 
were slightly destabilized.52,53 Such a strong increase in 
Tm for pyrene analogues toward DNA is no doubt an in-
tercalating effect. However, depending on the site of aUPy
insertion, probes showed different fl uorescence proper-
ties. In some cases the monomer fl uorescence of pyrene 
was quenched, in others only marginal changes were 
observed upon formation of complementary sequences. 
One possible explanation for these striking differences is 
that the pyrene moiety is only partially intercalating and 
is partially located in the minor groove. This situation 
was changed when a more rigid amide linkage was used. 
Thus, an increase in fl uorescence was observed for DNAs 
having a single insertion of aUcPy upon binding to comple-
mentary DNA.52 Another valuable example in this series 
is 2′-amino-LNA molecules (P-LNA).48 LNA or locked 
nucleic acids are known to induce large increases in ther-
mal stability upon binding to RNA and DNA sequences, 
which is a result of the constrained 3′-endo confi guration 
of the furanose ring.54 During hybridization of DNA se-
quences comprising from one to three P-LNA monomers 
to either DNA or RNA complements, a large increase in 
thermal stability and fl uorescence (up to 69-fold depend-
ing on the probe design) was detected. Molecular model-
ing of the resulting duplexes with P-LNA and aUcPy sug-
gested that the position of the pyrene is fi xed in the minor 
groove.48 Signifi cant quenching of pyrene fl uorescence in 
these single-stranded probes can be assigned to the inter-
actions with nucleic bases.

Attachment of chromophores at non-hydrogen bonding 
positions of nucleic bases is a popular approach in the de-
sign of nucleic acids for analysis of singly matched/mis-
matched base pairs. Linker length and rigidity is critical 
in the design of these probes.

The fl uorescence spectra of single stranded probe and 
mismatched duplexes possessing pyren-1-yl-modifi ed 7-
deazaadenine (aPyA, Fig. 10) showed strong fl uorescence 
emission at 390 nm. The fl exible propyl linker led to the 
pyrene intercalation into the duplex that resulted in the 
decreased fl uorescence emission for the fully matched T:
aPyA duplex.55 However, quenching of the fl uorescence 
signal is not a desired property in the probe design, be-
cause a positive rather than a negative signal is required 
in major assays. In contrast to the PyA molecule, use of 
the stiffer propargyl linker in the structures PyU, PyC and 
C-C single and triple bonds (PU, 1EPU, Fig. 10) led to 
strong fl uorescence emission (λem = 397 nm for PyU and 
PyC; λem = 455 nm for 1EPU) with ΦF values of 0.100-0.151 
upon hybridization to the matched sequences, while a matched sequences, while a matched
weak fl uorescence was detected for the mismatched base 
pairs.56 This strongly suggests that the position of the dye 
is fi xed in the solvated major groove. Continuous stack-
ing in the major groove of at least three pyrenes attached 
to uridine via single or triple C-C bonds (Fig. 10) led to 
drastic changes in UV/VIS and fl uorescence spectra of 
fully matched duplexes relative to probes alone.57,58 Fluo-
rescent enhancement (ca. 22-fold) and a blue-shift in a 
maximum emission from 475 nm for ssDNA to 445 nm 
for the duplex were observed for fi ve non-interrupted in-
sertions of PUs (Fig. 10) in the DNA strand. In contrast 
to that, a red-shift in emission spectrum was detected for 
fi ve insertions of 1-ethynylpyrene uridine (1EPU, λem = 
485-494 nm) in the duplex relative to the single insertion 
(λem = 445 nm).57 For duplexes comprised of more than 
three PU or 1EPU chromophores, distinct signals related to 
pyrene were observed in CD spectra that confi rm a he-
lical arrangement of pyrene in a major groove of DNA 
duplexes. This means that at least three chromophores in 
the intact DNA helix environment are required to obtain 
an ordered π-stacked array. Right-handed helical arrange-
ment of PU and 1EPU chromophores could be destroyed by 
either thermal denaturation or by insertion of mismatches 
opposite to the pyrenes.

Fig. 10. Chromophores attached to nucleic bases at non-hydro-
gen bond forming sites.
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The Future
Advances in the automated synthesis of DNA and post-
synthetic oligonucleotide modifi cations led to the vigor-
ous development of novel types of probes possessing or-
ganic chromophores. In the last decade there has been a 
considerable change in the design of probes. The predict-
able positioning of labels in the nucleic acid structure is 
vital to obtain the desired optical and binding properties. 
This goal is achieved by using short and rigid linkers that 
bring certainty in the chromophores’ arrangements within 
the DNA/RNA helix. Those efforts described in this ar-
ticle lay a foundation for the generation of novel nucleic 
acid architectures which will have an enormous impact on 
the design of probes in molecular biology, biotechnology, 
and nanotechnology. Despite such an impressive devel-
opment, a disadvantage is the use of aromatic molecules 
that are available on the market or easily modifi ed syn-
thetically. Their large size, photobleaching, quenching of 
fl uorescence by surrounding nucleobases, formation of 
aggregates upon multiple insertions into DNA, overlap-
ping of absorption or emission wavelengths with biomol-
ecules are the main drawbacks of many organic chromo-
phores. From that point of view, pyrene derivatives can be 
considered as extremely ineffective molecules. However, 
the efforts presented have already expanded our knowl-
edge on stacking interactions within DNA and we have 
learned much about the properties of organic chromo-
phores and their interactions with nucleic acid bases and 
themselves. It can be anticipated that this knowledge will 
be used in the construction of novel DNA architectures 
that will bring probe design to a conceptually new level. 
There is a considerable demand for novel chromophores 
with tunable wavelengths, high emission intensities and 
brightness, sensitivity to microenvironmental changes 
and insensitivity to surrounding nucleobases. For nano-
metre-sized materials availability of additional functional 
groups on organic chromophores would be of a high value 
for vigorous development of DNA entities as catalysts, 
nanomachines, nanorobotics, nanoelectronics, etc. In that 
regard, chemically modifi ed pyrene, perylene, acridine 
and coumarine entities that have improved optical proper-
ties would be extremely valuable. Dramatic development 
of DNA-based approaches involving the use of nanopar-
ticles and quantum dots in combination with fl uorescent 
molecules can be expected.59 This will expand areas of 
application and advance labelling techniques by taking 
the advantages of different classes of compounds. Post-
synthetic labelling procedures, some of them recently 
highlighted,60 will play a signifi cant role in the synthesis, 
and more importantly, in the screening of DNA-conjugat-
ed organic chromophores. It will allow a rapid discovery 
of probes showing discriminative recognition of certain 
nucleic acid secondary structures with tunable lumines-
cence properties. Moreover, it seems to pave the way for 
novel multichromophore architectures that will be of use 
in the development of photoactive materials and photonic 
nanodevices.
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